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Abstract: The growth and production of lipids in the green microalga Raphidocelis subcapitata
immobilized in alginate gel are studied. The beads are made from alginate (2% w/v) and CaCl2 (1% w/v).
The dry weight, the concentration of cells, and the lipid content are determined after dissolution of
the beads in a sodium phosphate buffer. The results show that variations in biomass do not reflect
variations in the number of cells in R. subcapitata. Cells divide more rapidly (Gc = 3.45 ± 0.3 days)
than biomass is produced (Gm = 4.1 ± 0.4 days) during the exponential growth phase. Therefore,
the average mass of the immobilized cells decreases until it reaches its minimum at the end of the
exponential phase. Thus, during the stationary phase, cell division ceases while biomass production
continues, and the average mass of the immobilized cells increases. In the present study, it is
shown that this increase is due to the accumulation of lipids following the depletion of nitrates and
phosphates in the culture medium. A lipid content of 24.7 ± 2.5% (dcw) and a lipid productivity of
LP = 29.8 ± 3.0 mg/L/day are recorded at the end of culture. These results suggest that immobilized
R. subcapitata has promising potential for biodiesel production.
Keywords: biomass; cell division; lipid content; Raphidocelis subcapitata; alginate; CaCl2

1. Introduction
In response to the problems of climate change and greenhouse gas emissions in the atmosphere,
microalgal biomass has emerged as a superior raw material and promising alternative for biodiesel
production [1–4]. According to some estimates, the average lipid productivity of microalgae is
54 tons/ha/year, which is higher compared to oilseed crops, such as oil palm (3.62 tons/ha/year) and
rapeseed (0.68 tons/ha/year) [2,5]. In addition, microalgae can use CO2 from the atmosphere, gases from
various processes such as those from coal-fired power plants, or soluble carbonates with an efficiency
10 to 50 times greater than those of terrestrial plants [3,4,6]. Most importantly, growing microalgae
for biodiesel production does not trigger a food-biofuel issue, which could lead the industry towards
more sustainable development [7].
Great attention has been paid to certain species, including the green alga Raphidocelis subcapitata,
because of their rapid growth and high level of lipid production [8,9]. Nevertheless, the high
energy input required, particularly in the concentration and drying stage of biomass in the biodiesel
production process, has made the possibility to market algocarbons questionable [10]. Production
processes have evolved and new technologies, such as cell immobilization in natural polysaccharides,
have been introduced into microalgae culture to facilitate their harvesting. The most frequently used
are alginates, carrageenans, and agars because of their non-toxicity, biodegradability, and transparency

Energies 2020, 13, 506; doi:10.3390/en13020506

www.mdpi.com/journal/energies

Energies 2020, 13, 506

2 of 10

to light, which helps to maintain the algae’s photosynthetic activity [11–13]. In the case of alginate
polycarboxylate extracted from brown algae, the polymer is mixed with microalgae cells, then the
gelling of the beads is produced by cationic grafting in the presence of multivalent ions such as
CaCl2 [14]. The beads obtained have a relatively large size compared to the free cells and can be easily
separated from the culture medium by simple sieving without energy consumption. Thus, microalgal
biomass will become easier to handle. However, in the literature, there is less work on the use of
immobilized microalgae for biodiesel production compared to those using microalgae-free cultivation
(Table 1). The objective of this work is to study the growth and production of lipids in the microalga
Raphidocelis subcapitata immobilized in alginate gel with a view to its development into biodiesel.
This species is characterized by its high lipid productivity [8,9] and by the fixation of CO2 in the form
of organic matter, thanks to light energy, thus contributing to its reduction in the atmosphere [15].
To our knowledge, no research projects have been published on the cultivation of R. subcapitata in
alginate beads for possible use in the production of biodiesel.
Table 1. Various species of free versus immobilized microalgae used for biodiesel production.
Microalgae

Type of Culture

Reference

Parachlorella kessleri UTEX2229
Chlorella sp.
Chlorella sorokiniana
Chlorella vulgaris
Tetraselmis sp.
Dunaliella tertiolecta
Nannochloropsis oculata
Phaeodactylum tricornutum
Pseudokirchneriella subcapitata
Botryococcus braunii

Free
Free
Free
Immobilized
Free
Free
Free
Free
Free
Immobilized

[16]
[17]
[18]
[19]
[20]
[21]
[22]
[23]
[9]
[24]

2. Materials and Methods
2.1. Chemical Products
Sodium alginate extracted from brown algae (No. 71238) and phosphate buffer components,
sodium phosphate monobasic dihydrate NaH2 PO4 ·2H2 O (No. 71505) and sodium phosphate
dibasic dihydrate Na2 HPO4 ·2H2 O (No. 71643), were supplied by Sigma-Aldrich® (Oakville, ON,
Canada). Calcium chloride dihydrate CaCl2 ·2H2 O (No. 700912), used as a gelling medium [14,25–28],
was supplied by Anachemia (Montréal, QC, Canada).
2.2. Microalga and Culture Medium
Raphidocelis subcapitata came from the Environment Canada Laboratory. The microalga was
conserved and grown in a medium [29] prepared from five mother solutions whose composition
(per liter) is as follows: (1) 25.5 g NaNO3 ; (2) 14.7 g MgSO4 .7H2 O; (3) 1.044 g K2 HPO4 ; (4) 15 g NaHCO3 ;
(5) 10 g MgCl2 ·6H2 O; 4.4 g CaCl2 ·2H2 O; 0.185 g H3 BO3 ; 0.416 MnCl2 ·4H2 O; 3.28 mg ZnCl2 ; 0.16 g FeCl3 ;
1.428 mg CoCl2 ·6H2 O; 7.26 mg Na2 MoO4 ·2H2 O; 0.012 mg CuCl; and 0.3 g Na2 EDTA.2H2 O. From each
nutrient solution, 10 mL was taken and transferred to an Erlenmeyer flask; the distilled water was then
added to bring the volume to 1 L. The pH of the medium was adjusted to 7.5. The culture medium was
sterilized by an autoclave at 121 ◦ C for 20 min.
2.3. Cell Immobilization
The immobilization of R. subcapitata cells in alginate gel was performed under sterile conditions
from 2% (w/v) sodium alginate solutions, CaC12 1% (w/v), sterilized by autoclave (121 ◦ C, 20 min) [28],
and an algae suspension in the exponential growth phase of biomass concentration of about 1 g/L.
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A total of 100 mL of microalgae culture was concentrated by centrifugation (4000 rpm, 4 ◦ C
for 10 min); the pellet was recovered and washed three times in sterile saline water (0.85%),
with centrifugation between each wash. Cells were then suspended in 50 mL of sterile saline
water (0.85%). The algae suspension was finally mixed with 50 mL of sodium alginate solution and
gently homogenized [28,30]. The mixture was transferred into a sterile 20 mL syringe equipped with
a 20 G 0.9 × 40 mm needle (Braun, Melsungen, Germany) and expelled dropwise into the CaCl2
solution. The beads generated were left in the CaCl2 solution for 30 min to complete the gelation.
After this, they were harvested using a sterile metal sieve and then washed with sterile distilled water.
2.4. Culture Conditions
The beads containing the microalgae were aseptically transferred into a 2 L Erlenmeyer flask,
previously sterilized by an autoclave (121 ◦ C, 20 min), containing 1 L of sterile culture medium.
They were then placed in an incubator equipped with a stirring table (INFORS HT Ecotron, Montréal,
QC, Canada), providing standard culture conditions, agitation (100 rpm), and temperature (25 ± 1 ◦ C).
The experiment was carried out under a photoperiod of 24 h of light for 0 h of darkness (24/0; L/D).
A white fluorescent lamp (KF15T8CW-PROJECT PAK 15W) was used as a light source. It was installed
vertically, thus providing lighting of 4000–5000 lux (light quantum flux of approximately 56 µmol/(m2 s)).
In order to avoid cell sedimentation and to prevent the depletion of the medium in CO2 , the cultures
were heavily bubbled (145 L of air/liter of culture/hour). CO2 was supplied by an air pump (MARINA
300). The air was filtered by a 0.45 µm porosity filter (Fischer Scientific).
2.5. Growth Monitoring
The growth monitoring of the cells immobilized in the beads was carried out by measuring the
cell concentration and determining the dry weight over a period of 10 days. Each day, ten beads were
removed aseptically from the Erlenmeyer flask and transferred in 20 mL of sterile sodium phosphate
buffer (pH = 6.0), at a concentration of 50 mM. They were then incubated at room temperature for 24 h.
This step allowed the dissolution of the beads and consequently the release of cells [28,31].
The number of cells was determined by measuring the optical density at 685 nm using
a spectrophotometer (Varian cary 300 bio visible UV spectrophotometer). The relationship between
the OD685 (y) and the concentration of R. subcapitata cells (x) is given by the following equation:
y = 0.3572x (R2 = 0.9978).
The determination of the dry weight was carried out by filtration of the algae suspension on
a pre-weighed fiberglass filter (Wathman filter, 1.2 µm) (METTLER AT261 balance). The cells were
washed with 100 mL of sterile distilled water. The filter was then placed in the oven at 80 ◦ C for 24 h,
cooled in a desiccator for 15 min, and then weighed again. The biomass concentration represents the
average of two tests. It was calculated from the difference in mass of the filter divided by the volume
of the sample and was expressed in g/L, according to the following equation:
Cx ( g/L) =

m2 − m1
× 103
Vsample

where m1 : mass of the filter. m2 : mass of the filter containing the microalgae.
2.6. Calculation of Growth Parameters
The immobilized R. subcapitata culture is performed in batch. The optimal cell division rate (µc )
and biomass production rate (µm ) were calculated during the exponential growth phases according to
the following equation [28,32]:


ln(N2 /N1 )
µc day−1 =
t2 − t1
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where N1 and N2 are defined as the number of cells (cell/L) at time t1 and t2 , respectively.


ln(M2 /M1 )
µm day−1 =
t2 − t1
where M1 and M2 are defined as biomass (g/L) at time t1 and t2 , respectively.
The doubling time of the microalgae cells (Gc : generation time) and the biomass doubling time
(Gm ) are calculated according to the following formula [33]:
Gc = ln 2/µc max
Gc : generation time (day); ln: natural logarithm; µc : specific growth rate (day−1 ).
Gm = ln 2/µm max
Gm: Biomass doubling time (day); ln: natural logarithm; µm: specific rate of biomass production (day−1).
2.7. Lipid Extraction from Immobilized Microalgae
The extraction of total lipids was performed according to the whole cell analytical method (WCA)
described by Van Vooren et al. [34]. It is based on the use of a mixture of apolar (chloroform) and polar
(methanol) solvents in proportions 2:1 (v/v). Methanol allows the bursting of microalgae, thus making
the lipids accessible to chloroform, which leads to the production of a complete lipid extract.
The choice of this method is justified by its numerous advantages compared to the methods of
Folch [35] and Bligh and Dyer [36], which are recognized as reference techniques of extraction of total
lipids. The WCA method is faster, simpler to perform, can be applied to a small sample volume,
and ultimately achieves a better extraction yield [16].
After dissolving the beads (10 beads) as described above (Section 2.5), the resulting algal suspension
was centrifuged for 10 min at 4000 rpm at 4 ◦ C. Then, the supernatant was removed and 20 µL of
butylated hydroxytoluene (BHT) at 20 µg/µL were added to the pellet containing the whole cells
of microalgae in order to prevent lipid oxidation during the extraction. The extraction was carried
out in glass tubes with 6 mL of CHCL3 /MeOH mixture 2:1 (v/v) which were added in three times
(2 mL successively). After each addition of solvents, the tubes were vortexed for 10 s and then placed
in an ultrasonic bath (BRANSON 5200) for 30 s to improve the extraction yield. In fact, the ultrasounds
emitted generate bubbles in the solvent mixture; the bursting thereof in the vicinity of the cells makes it
possible to maximize the extraction of the lipids contained inside the microalgae. The tubes were thus
covered with aluminum foil and kept shaking on a pendulum for 6 h in the dark in order to ensure the
complete extraction of the lipids. The evaporation of the extraction solvent was carried out in an oven
at 60 ◦ C for 6 h. The tubes were then cooled in a desiccator for 20 min and weighed to determine the
weight of dry matter obtained corresponding to the total lipids extracted. The level of fatty acids in the
biomass represents the average of two tests and is given by the following formula:
Percentage mass of total lipids % (dcw) =

Mass of total lipids extract (g)
× 100
Dry weight of cells (g)

2.8. Calculating Lipid Productivity
The lipid productivity (LP) is calculated according to the following equation:
LP(mg/L/day ) =

C2 B2 − C1 B1
t2 − t1
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where C1 is the lipid content of microalgae (mg of lipids/mg of dry of cells) at t1 and C2 (mg of
lipids/mg of dry of cells) is that at t2 . B1 and B2 are the biomass concentrations (mg/L) at time t1 and
t2 , respectively.
2.9. Measurement of Nitrates in the Culture Medium
The determination of the nitrate concentration in the culture medium during the growth period
of immobilized microalgae (10 days) was carried out according to a standard method [37]. Each day,
1 mL of culture medium was removed from the Erlenmeyer flask and centrifuged (4000 rpm, 4 ◦ C
for 10 min) to remove free microalgae cells that can be relegated from the beads. The supernatant
was recovered, and the nitrate concentration was estimated by measuring the absorbance at 220 nm
using the spectrophotometer (Varian cary 300 bio visible UV spectrophotometer). Since organic matter
dissolved in the culture medium can also absorb UV light at 220 nm, and thus distort the nitrate assay
results, the absorbance of the sample was also measured at 275 nm. Indeed, at this wavelength, only the
dissolved organic matter absorbs.
The absorbance of nitrates was calculated as follows:
Anitrate = A220nm − 2A275nm
A solution of sodium nitrate (NaNO3 ) at different concentrations was used to plot the
calibration curve.
2.10. Measurement of Phosphates in the Culture Medium
The determination of phosphate ions in the culture medium during the 10 days of culture of
the immobilized microalgae was carried out according to the method of Murphy and Riley [38] with
ascorbic acid.
2.10.1. Principle of the Method
Ammonium molybdate and potassium antimonyl tartrate react in acidic medium with
orthophosphate to form an antimonyl–phosphate–molybdate complex, which is reduced by acid
ascorbic acid to céruléomolybdic, a blue colored complex whose intensity is proportional to the
phosphate concentration and is measured using a spectrophotometer (Varian cary 300 bio UV visible
spectrophotometer) at 880 nm.
2.10.2. Reagents
-

Sulfuric acid, H2 SO4 , 5N.
Potassium antimonyl tartrate solution, K(SbO)C4 H4 O6 , 1/2H2 O, 3.42 g/L.
Ammonium molybdate solution, (NH4 )6 Mo7 O24 , 4H2 O, 40 g/L.
Ascorbic acid, 0.1 M.

Combined reagent: for 100 mL of combined reagent, the above reagents were mixed in the
following order and in the following proportions: 50 mL H2 SO4 , 5N, 5 mL potassium antimonyl
tartrate solution, 15 mL ammonium molybdate solution, and 30 mL ascorbic acid. The resulting
mixture was stable for 4 h.
2.10.3. Procedure
Each day, 5 mL of culture medium were taken from the Erlenmeyer flask. After centrifugation
at 4000 rpm at 4 ◦ C for 10 min, the supernatant was collected in a 20 mL graduated flask to which
800 µL of combined reagent was added. The solution was kept at room temperature for about 20 min
before reading the absorbance at 880 nm using the spectrophotometer (Varian cary 300 bio visible
UV spectrophotometer).
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A solution of potassium hydrogen phosphate (K2 HPO4 ) at different concentrations was used to
plot the calibration curve.
3. Results
3.1. Growth of R. subcapitata Immobilized in Alginate Beads
Variations in the number of cells of immobilized R. subcapitata (Figure 1a) show a classical pattern
of a discontinuous culture with an exponential growth phase which stops after the seventh day of
culture, followed by a short slowing and then a stationary phase. The cell division rate and the
generation time during the exponential phase of growth, are µc = 0.20 ± 0.02 day−1 and Gc = 3.45 ± 0.3
days, respectively.
The biomass variations of immobilized R. subcapitata (Figure 1b) show an increase in the amount
of biomass produced by microalgae in the alginate beads from the first days of culture. The rate
of biomass production during the exponential phase of growth is µm = 0.17 ± 0.02 day−1 and the
generation time is Gm = 4.1 ± 0.4 days. As a result, biomass values continue to increase after the seventh
day of cultivation, and stable biomass production was not reached, even on the last day of cultivation.
The comparison of the doubling time of the microalgae cells (Gc = 3.45 ± 0.3 days) and the doubling
time of the biomass (Gm = 4.1 ± 0.4 days) shows that for the growth of R. subcapitata in the alginate gel,
the number of cells increases more rapidly than biomass production during the exponential growth
phase. Consequently, the average mass of the immobilized cells decreases until it reaches its minimum
at the end of the exponential phase (Figure 1c). This is justified by the asexual reproduction of the cells.
Like all microalgae, R. subcapitata is divided by mitosis; the size of the cells then decreases until they
can no longer divide.

Figure 1. Growth of R. subcapitata immobilized in alginate beads over a period of 10 days (culture
performed in batch and in duplicate): (a) variations in the number of cells; (b) variations in biomass;
(c) variations of the average mass of cells. t0 = d1 .
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In addition, during the last three days of culture, cell division ceases while biomass production
continues, and the average cell mass increases. Since the culture of microalgae is carried out in batch,
this increase could be due to the accumulation of lipids following the depletion of one of the nutrients
essential for growth, such as phosphorus or nitrogen. Indeed, the accumulation of lipids in response to
this stress was observed in free R. subcapitata [39] and in other species of microalgae [39,40] including
Chlorococcum oleofaciens, Scenedesmus almeriensis, and Nannochloropsis sp. F & M-M24.
The production of lipids in immobilized R. subcapitata was then studied with the monitoring of
the nitrate and phosphate concentrations in the culture medium during the whole culture period.
3.2. Production of Total Lipids in R. subcapitata Immobilized in Alginate Beads
Figure 2 shows the production of total lipids in immobilized R. subcapitata with monitoring of nitrate
and phosphate concentrations in the culture medium, over a period of 10 days. When nitrates and
phosphates are available in the culture medium (Figure 2a,b), a slight increase in lipid content is noted
(Figure 2c) from 13.3 ± 1.3% (dcw) (first day) to 15.3 ± 1.5% (dcw) (seventh day), with lipid productivity,
LP = 9.5 ± 1.0 mg/L/day. After the seventh day, the nitrates and phosphates are exhausted in the culture
medium (Figure 2a,b) and a lipid accumulation is observed (Figure 2c). A lipid content of 24.7 ± 2.5% (dcw)
is recorded at the end of the experiment with lipid productivity (LP) of 29.8 ± 3.0 mg/L/day.

Figure 2. Production of total lipids in R. subcapitata immobilized in alginate beads, over a period
of 10 days (culture performed in batch and in duplicate). (a) Nitrate consumption; (b) phosphate
consumption; (c) variations in lipid content per dry weight of cells; (d) variations in lipid concentration
per cell. t0 = d1 .

Despite variations in lipid concentration per microalgae cell, Figure 2d shows a progressive decrease
in concentration during the first days of culture, reaching a minimum value of 0.066 ± 0.006 ng/cell on
the seventh day (a decrease of approximately 17.5 ± 1.7%). This decrease results from the decrease in
the mean mass of cells during their division (Figure 1c). After this, when the nitrates and phosphates
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are depleted in the culture medium (Figure 2a,b), the lipid concentration per cell is increased to
0.13 ± 0.01 ng/cell on the last day of culture. It should be noted that the accumulation of lipids was
stimulated as soon as nitrates and phosphates were depleted in the culture medium. This implies that
de novo fatty acid synthesis was activated rapidly due to the lack of medium in these two elements.
These results confirm the results obtained above (Figure 1). The increase in biomass production
during the stationary phase of growth (Figure 1b) is due to the accumulation of lipids following the
depletion of nitrates and phosphates in the culture medium. Indeed, the storage of lipids results from
an imbalance between the flow of carbon, resulting from photosynthesis, and the flow of nitrogen and
phosphorus necessary for growth. When the cell is deficient in these elements, it does not immediately
interrupt the acquisition of CO2 necessary for photosynthesis, as it cannot use it to produce proteins;
it stores this flow, in the form of lipids [41–43].
Our results show that R. subcapitata immobilized in the alginate gel has the ability to accumulate
lipids in response to nitrogen and phosphorus limitations. The value obtained in this study
(accumulation of 24.7 ± 2.5% (dcw) at the end of culture), under standard culture conditions,
is encouraging since, according to the literature, the lipid contents of R. subcapitata would be between
12% and 41% of the dry weight, depending on the culture conditions and the concentrations of nitrates
and phosphates in the medium [39,44].
4. Conclusions
The results of this study suggest that the green microalga Raphidocelis subcapitata immobilized in
alginate gel has promising potential for the production of biodiesel. Indeed, the strain has the ability to
accumulate lipids in response to the depletion of nitrates and phosphates in the culture medium. The values
obtained, under standard culture conditions, are encouraging. A lipid content of 24.7 ± 2.5% (dcw) was
recorded at the end of culture, with a lipid productivity (LP) of 29.8 ± 3.0 mg/L/day.
In future work, it would be interesting to individually evaluate the effect of each element (nitrates,
phosphates) on biomass production and lipid accumulation in order to optimize its growing conditions.
This could significantly improve the yield of the species.
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